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ABSTRACT: The valorization of lignin is being increasingly recognized as crucial to improve the economic viability of
integrated bioreﬁneries. Because of its inherent heterogeneity and recalcitrance, lignin has been treated as a waste product in the
pulp and paper industry, but new technologies are now being explored to transform lignin into a sustainable resource and
enhance its value chain. In the present study, alkaline oxidative depolymerization was investigated as a potential form of
pretreatment to enable further biological conversion of LignoBoost kraft lignin (LB). LB lignin oxidation reactions were studied
at various temperatures (120−200 °C) and O2 partial pressures (3−15 bar) to identify the optimal conditions for obtaining a
biocompatible, oxidatively depolymerized lignin (ODLB) stream. The low molecular weight compounds resulting from this
treatment consisted mainly of aromatic monomers and carboxylic acids. The highest yield of aromatic monomers, 3 wt %, was
obtained at 160 °C and 3 bar O2. The yield of carboxylic acids increased with both increasing temperature and O2 pressure,
exceeding 13% under the harshest conditions investigated. The growth of four aromatic-catabolizing bacterial strains was
examined on reaction product mixtures, all of which showed growth on agar plates utilizing ODLB as the sole source of carbon
and energy. Rhodococcus opacus and Sphingobium sp. SYK-6 were found to consume most of the aromatic monomers present in
the ODLB (e.g., vanillin, vanillate, acetovanillone, and guaiacol). The ﬁndings of this study indicate that pretreatment by
oxidative depolymerization has potential in the biological valorization of technical lignin streams, for the production of valuable
chemicals and materials.
KEYWORDS: Alkaline oxidation, Aromatic monomers, Bacterial conversion, Lignin valorization, LignoBoost, Softwood,
Sustainable resources
■ INTRODUCTION
Lignin is considered the most abundant terrestrial non-
carbohydrate biopolymer, comprising 15−30 wt % of dry
lignocellulosic biomass.1−4 As a raw material, lignin has
considerable potential in a lignocellulosic bioreﬁnery but also
poses signiﬁcant challenges.5,6 The valorization of lignin would
improve the economics of biomass conversion, as the use of
lignin today is primarily limited to combustion for energy
recovery in pulp mills. Apart from economic considerations,
environmental concerns must also be taken into account in the
development of future lignin bioreﬁnery concepts, and the
principles of green chemistry should be adopted in lignin
processing and conversion.7
Kraft pulping is the process most commonly used to produce
paper pulp worldwide.8 In this operation, wood is transformed
into wood-pulp by treatment with a Na2S/NaOH solution, so-
called white liquor, at temperatures of 155−175 °C for several
hours,9 during which 90−95% of the lignin in the starting
material is dissolved.10 The annual production of kraft pulp
worldwide is about 130 million tons,11 and the kraft lignin black
liquor generated represents the largest share of the biofuel sector
in the Swedish and the Finnish energy matrices.12 LignoBoost is
a well-proven technology for commercial-scale kraft lignin
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recovery.13,14 This process enables high-purity lignin production
with rather low ash and carbohydrate contents. Considering the
dominant role of kraft processes,15 and that lignin is an
abundant, inexpensive resource of aromatics, new applications
based on utilizing kraft lignin from black liquor are desirable.
The challenges associated with the utilization and conversion
of (technical) kraft lignin into bulk or specialty chemicals are the
result of the highly complex and heterogeneous nature of this
biomacromolecule. The condensed structures, highly recalci-
trant linkages, and presence of sulfur render kraft lignin a diﬃcult
raw material to process and transform.16,17 The development of
eﬃcient methods of depolymerization will thus play a central
role in the valorization of kraft lignin for the production of
valuable platform chemicals.18
The depolymerization of technical lignin is a demanding task,
as processing, such as kraft cooking, usually results in signiﬁcant
changes in the lignin structure. Condensation of reactive
intermediate motifs via C−C bond formation and the cleavage
of aryl ether bonds (predominantly β-O-4 linkages)4,19 during
the cooking process make it structurally diﬀerent from native
lignin and more resistant to break down. Lignin depolymeriza-
tion approaches reported in the literature include thermal,20
biochemical,21−23 acid-catalyzed,24 base-catalyzed,25−27 oxida-
tive,28−31 and reductive32,33 methods. Among these, the
oxidation approach represents an energy-eﬃcient means of
lignin decomposition, while generating targeted products in a
selective way, including valuable chemicals such as phenolic
aldehydes, phenolic acids, and carboxylic acids.34−37 Oxidation
also allows the pH of reaction product mixtures to be controlled,
by monitoring the yields of aliphatic carboxylic acids, while
reducing the recalcitrance of lignin structures. Therefore,
chemochemical oxidative depolymerization may be a valuable
pretreatment step in biochemical lignin conversion.
Microbial funneling, i.e., the use of converging microbial
pathways toward a common intermediate, is a promising
approach to tackle the multitude of compounds in lignin-
derived streams.38−40 Several microorganisms have been utilized
in previous studies for the bioconversion of pretreated lignin
streams. Microbial growth and the accumulation of intracellular
storage compounds have been investigated in alkaline-pre-
treated liquor from corn stover using several bacteria. In a study
including 14 bacterial strains, Amycolatopsis sp., Pseudomonas
putida, and Acinetobacter ADP1 were reported to depolymerize
and catabolize 30% of the initial lignin present.22 In another
recent study on the conversion of depolymerized kraft lignin
employing base catalysis, Pseudomonas f luorescens was reported
to break down high molecular weight lignin, and Rhodococcus
opacus was reported to consume most of the available aromatic
monomers.41 The intracellular accumulation of lipids in R.
opacus growing on oxygen-treated kraft lignin has also been
assessed, showing an accumulation of 0.07 g/L microbial lipids,
mainly composed of palmitic and stearic acids.42 The ability of
bacterial species to metabolize depolymerized lignin depends on
several factors, including the plant origin of the lignin, whether
the lignin is technical or native, the type and severity of
pretreatment, and the complexity of the product mixture. It is
therefore important to screen for, and select, the appropriate
microorganism for a given substrate. In contrast, the mode of
lignin separation, such as LignoBoost, LignoForce, or similar
commercially available methods, is not believed to greatly
inﬂuence the suitability with respect to biocompatibility.
In the present work, alkaline oxidative depolymerization of an
industrial lignin stream (LignoBoost softwood kraft) was
examined, and the eﬀect of reaction severity on molecular
weight distribution and the formation of low molecular weight
products was evaluated. Microbial conversion of the depoly-
merized products was further assessed to identify the treatment
conditions that provided a biocompatible product stream with
the potential for bacterial conversion. The growth of four
aromatic-catabolizing bacterial species: P. putida KT2440, P.
f luorescens, R. opacus, and Sphingobium sp. SYK-6, on various
product mixtures was evaluated. High-cell-density liquid
cultivations were performed using lignin treated at a selected
condition to analyze the consumption of monomers and
possible eﬀects on molecular weight by enzymatic degradation.
The study demonstrates the potential of oxidative depolyme-
rization as a means of pretreatment toward the microbial
conversion of technical lignin and is, to the best of our
knowledge, the ﬁrst integrated study exploring the parameter
space of oxidative depolymerization and the resulting eﬀect on
lignin conversion by multiple bacterial species.
■ EXPERIMENTAL SECTION
Chemicals and Materials. LignoBoost lignin (LB), a softwood
kraft technical lignin, was obtained as a dry powder from Innventia’s
pilot plant located in Bac̈khammar, Sweden. Oxygen gas (O2 ≥ 99.5%)
was supplied by AGA Industrial Gases, Denmark. The bacterial species
Pseudomonas putida KT2440 (DSM 6125), Pseudomonas f luorescens
(DSM 50090), and Rhodococcus opacus (DSM 1069) were purchased
from Deutsche Sammlung von Mikroorganismen and Zellkulturen
(Braunschweig, Germany). Sphingobium sp. SYK-6 (JCM 17495) was
purchased from the Japan Collection of Microorganisms (Tsukuba,
Japan). M9mineral medium was used for all the plate and liquid culture
experiments. The medium consisted of the following buﬀer salts (per
L): 6 g of Na2HPO4, 3 g of KH2PO4, 1 g of NH4Cl, 0.5 g of NaCl, 2 mM
MgSO4, 100 μMCaCl2, and 10 mL of trace element mixture.
43 Sterile/
aseptic conditions were maintained throughout the cultivations. LB or
oxidatively depolymerized LB was used as the sole carbon source at a
concentration of 2−10 g/L. Before being added to the culture media,
the substrates were acidiﬁed (if necessary) to pH≈ 9 using sulfuric acid
and were sterile ﬁltered. The initial pH of cultivation media was 7. All
chemicals and reagents were of analytical grade and were used as
received without further puriﬁcation, unless otherwise stated.
Oxidative Depolymerization of LB. The oxidative depolymeriza-
tion reactions were conducted in a 100 mL mechanically stirred Parr
reactor equipped with a 4843 PID temperature controller (Parr
Instruments Company, Moline, Illinois, USA). In a typical run, the
reactor was loaded with 30 mL of 0.2 M NaOH aqueous solution
(deionized water) and 600 mg of LB substrate. The reactor was purged
(three times) and pressurized with pure O2 to the target pressure and
then heated to the desired reaction temperature (±3 °C) while stirring
(500 rpm) and wasmaintained at this temperature for a reaction time of
30 min. The heating time was ∼30−40 min, depending on the reaction
temperature. Amatrix of nine experiments with various combinations of
reaction temperature (120−200 °C) and O2 partial pressure (3−15
bar) was investigated. After the desired reaction time, the reactor was
rapidly quenched in an ice bath and depressurized at room temperature
(cooling time ≤5 min). The liquid products were ﬁnally collected for
analysis and bacterial screenings.
To produce suﬃcient substrate for further microbial conversion
experiments, upscaled oxidative depolymerization was performed using
a similar method to that described above, with a 300 mL mechanically
stirred Parr reactor equipped with a 4848 PID controller (featuring
autotuning capability for precise temperature/pressure control and
minimum overshoot). The reactor was loaded with 100 mL of NaOH
aqueous solution (0.2M; deionized water) and 2 g of LB substrate. The
selected reaction conditions were 160 °C (±2 °C), 3 barO2, and 30min
reaction time under stirring (500 rpm). The product is henceforth
denoted ODLB.
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Biochemical Conversion of ODLB. Glycerol stocks (at −80 °C)
containing the bacteria were streaked on nutrient-rich medium plates
and incubated at 30 °C for 24 h. M9 medium plates (with 1.5% agar),
supplemented with 2 g/L lignin, were then inoculated with a single
colony from the nutrient-rich medium plates and incubated at 30 °C for
7 days. All plate experiments were carried out in duplicate. The plates
were regularly checked, and growth was documented by visual
inspection.
Liquid culture experiments were carried out in 250 mL shake ﬂasks
containing 50mL of culture media. M9media with 10 g/L glucose were
used for precultures of P. putida, P. f luorescens, and R. opacus.
Sphingobium sp. SYK-6 was precultured in Trypticase soy broth
supplemented with yeast extract. All precultures were inoculated from a
single colony from the respective rich-media plates and incubated
overnight at 30 °C with orbital shaking (180 rpm). Cells from the
precultures were then washed with saline and subsequently used to
inoculate ﬂasks containing a suﬃcient amount of lignin to achieve an
initial optical density of∼4. All shake ﬂask experiments were performed
in duplicate. Samples were withdrawn at regular intervals to monitor
growth, changes in molecular weight, and the consumption of aromatic
monomers. Biomass growth was determined by measuring the optical
density at 620 nm (OD620). The samples were diluted with saline when
required to ensure that the optical density remained in the linear range
of 0.03−0.3. As the color of lignin is dark, the respective culture
supernatants were used as blanks prior to biomass measurements. The
cells were then removed by centrifugation (3 min at 12300g), and the
supernatants were stored at −20 °C for chemical analysis.
Characterization and Product Analysis. Size exclusion
chromatography (SEC) was used to determine the molecular weight
distribution (MWD), the weight-average molecular weight (Mw), and
the number-average molecular weight (Mn) of LB and the ODLB
products. The SEC system consisted of an AZURA high-performance
liquid chromatography (HPLC) setup (Knauer, Berlin, Germany) with
UV (UVD 2.1L) and RI (RID 2.1L) detectors, and a P 6.1L pump.
Samples were injected with a Smartline Autosampler 3950, and the
system was controlled, and peak evaluations were managed, using
ClarityChrom 6.1.0 software. Two Superdex 10/300 GL columns,
Peptide and 200 Increase (GE Healthcare Bio-Sciences AB, Uppsala,
Sweden) were used to ensure high resolution over a large range of
molecular weights (one column was used at a time). Analysis was
performed at ambient temperature, under isocratic conditions, with a
linear velocity of 23 cm/h. Calibration was carried out using nine
diﬀerent sodium polystyrene sulfonate standards, with molecular
weights in the range of 200 Da to 150 kDa. Each sample was diluted
with 0.1 M NaOH to a concentration of 0.5−1 g/L and ﬁltered (0.22
μm) to remove any suspended matter. The volume of ﬁltered solution
injected was 50 μL, and elution was performed for 100 min using an
aqueous solution containing 0.1 M NaOH.
Changes in the MWD of the samples after fermentation were
analyzed using another SEC system, as described previously.44 This
consisted of a Waters 600E chromatography system with an analytic
column packed with 30 cm Superdex 30 and 30 cm Superdex 200
coupled to a Waters 2414 RI detector and a Waters 486 UV detector.
The mobile phase used was 0.5 wt % NaOH at a ﬂow rate of 1 mL/min
(isocratic elution). The samples were centrifuged to remove the cells,
and the supernatants were ﬁltered and diluted (ﬁnal concentration 0.5
g/L) before analysis. The injection volume was 500 μL, and the total
run time for each sample was 180 min. Lignin samples were compared
before and after bioconversion by overlaying the SEC chromatograms
obtained.
An ultraperformance liquid chromatography (UPLC) system
(Waters Acquity) equipped with a photodiode array detector (Waters,
Milford, MA, USA) was used for identiﬁcation and quantiﬁcation of the
aromatic monomers in the lignin samples. The column used for
separation was ethylene-bridged hybrid C18 with an internal diameter of
2.1 mm, 100 mm length, and 1.7 μm particle size. The temperature of
the column was maintained at 50 °C. The mobile phase used was a
mixture of 3% acetonitrile, 96.5% water, 0.5% acetic acid (fraction A),
and 86.5% acetonitrile, 13% water, 0.5% acetic acid (fraction B). The
lignin samples were diluted with mobile phase (fraction A) to a ﬁnal
concentration of 0.5 g/L, and a volume of 2.5 μL was injected. Gradient
elution at a ﬂow rate of 0.6 mL/min was used for analysis. The method
started with 100%A, decreased to 90%A over 5min, held at 90%A for 2
min, and decreased to 25% A over 4.5 min. After each sample was
analyzed, the column was washed with 100% B for 5 min and then
equilibrated with 100% A for 5 min. An Acquity UPLC Console was
used to control the system, and Empower 3 was used to process the
data. The compounds were identiﬁed by comparing the retention time
and UV spectra (if necessary) with the corresponding standards. Peaks
were quantiﬁed using the area under the curve against their respective
calibration standards. The yields of aromatic monomers (in %) were
calculated based on the initial weight of lignin (estimated analysis
deviation ±5%).
AWaters Acquity HPLC system equipped with a UV and RI detector
(Water, Milford, MA, USA) was used for the identiﬁcation and
quantiﬁcation of nonaromatic acids. The column used for separation
was an Aminex HPX-87H, at a temperature of 60 °C. The mobile phase
was 5 mMH2SO4 at a ﬂow rate of 0.6 mL/min (isocratic elution). The
sample injection volume was 20 μL, and the total run time for each
sample was 50 min. The data were reviewed and processed using
Empower 3 software, and the compounds were identiﬁed by comparing
the retention time with the respective standards. Peaks were quantiﬁed
using the area under the curve against their respective calibration
standards. The yields of nonaromatic acids (in %) were calculated based
on the initial weight of lignin (estimated analysis deviation ±5%).
Nuclear magnetic resonance (NMR) spectroscopy was used to
analyze samples of the LB substrate and ODLB product by mixing 100
mg of the substrate or product with 600 μL of DMSO-d6 (Sigma-
Aldrich, 99.9%D) and transferring the resultant samples to 5mmNMR
sample tubes. Two-dimensional 1H−13C correlation spectra of the
substrate and product mixtures were recorded at 50 °C on a Bruker
Avance III 800 MHz spectrometer equipped with a TCI CryoProbe.
The 1H−13C heteronuclear multiple-bond correlation (HMBC)
spectra had a carrier oﬀset of 110 ppm and a spectral width in the
13C dimension of 220 ppm. These 1H−13C HMBC spectra were
recorded as data matrices of 2048 × 128 complex data points sampling
the NMR signal for 197 and 2.9 ms in the 1H and 13C dimensions,
respectively. An interscan recycle delay of 1.5 s and the accumulation of
128 scans per increment were employed, resulting in an analysis time of
16.5 h per HMBC spectrum. 1H−13C heteronuclear single-quantum
correlation (HSQC) spectra with a carrier oﬀset of 90 ppm and a
spectral width in the 13C dimension of 180 ppm were recorded as data
matrices of 1024 × 160 complex data points sampling the NMR signals
for 106 and 4.4 ms in the 1H and 13C dimensions, respectively. An
interscan recycle delay of 1.5 s and the accumulation of 32 scans per
increment were used, which resulted in an analysis time of 4.5 h per
HSQC spectrum. All spectra were processed with extensive zero ﬁlling
in both dimensions with Topspin 3.5.
High-resolution scanning electron microscopy (SEM) was used to
visualize the morphologies of the lignin samples using an FEI Quanta
200F microscope. The instrument was operated in low-vacuum mode
to obtain charge contrast imaging data using a large ﬁeld detector.
Before measurements, the samples were gold coated using a current of
20 mA and 10 s sputter time (Quorum Q150T ES, Quorum
Technologies Ltd., Laughton, UK) in order to minimize charging
eﬀects. Images were recorded at a low accelerating voltage (3 kV), with
a spot size of 3.0, and magniﬁcation of 10 000 times.
Nitrogen adsorption−desorption isotherms were measured on an
ASAP 2020 Micromeritics instrument (Norcross, GA, USA) to
examine the surface areas and porous structures of the lignin samples.
The samples were degassed at 110 °C under high vacuum for 4 h prior
to measurements. The Brunauer−Emmet−Teller (BET) and Barrett−
Joyner−Halendamethods45,46 were applied in the analysis to obtain the
surface area (estimated deviation ±0.2 m2/g) and pore volume
(estimated deviation ±0.001 cm3/g), respectively.
■ RESULTS AND DISCUSSION
Oxidative Depolymerization of LB − Eﬀects on
Molecular Weight Distribution. The molecular weight is a
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fundamental property of lignin and lignin-derived fractions, as it
greatly impacts the recalcitrance and thus the valorization, of
lignin. The most common characterization method used is
SEC,47 which has proven reliable in determining the Mw and
MWD of kraft lignin and its depolymerized fractions.17,27,33,48,49
SEC was used to evaluate the changes in molecular weight of
lignin samples produced under diﬀerent reaction conditions.
The reaction numbers indicating the diﬀerent conditions used
are given in Table 1, and the variation in molecular weight and
the relative mass abundance of corresponding oxygen-treated
kraft lignin samples are shown in Figure 1. The SEC proﬁles of
the substrate and product samples are shown in Figures S1−S2
in the Supporting Information.
The lignin starting material, LB (blank), exhibited a broad
MWD with a dispersity index of 2.5 and an average molecular
weight of about 48 kDa. A signiﬁcant reduction in molecular size
and narrower distributions were obtained after oxidative
depolymerization (Figure 1a). For example, at a temperature
of 120 °C,Mw values of 33.4, 14.6, and 8.8 kDa were obtained at
O2 pressures of 3, 9, and 15 bar, respectively (reactions 1−3).
Increasing the temperature to 160 and 200 °C resulted in further
size reductions, with average Mw values of 6.4, 4.4, and 4.2 kDa
(reactions 4−6), and 3.3, 2.4, and 2.5 kDa (reactions 7−9) at
analogous O2 pressures. It is worth noting that, at the higher
reaction temperatures, only a negligible eﬀect on Mw was seen
for PO2 > 9 bar, suggesting that the reaction was not limited by
the gas accessibility under such conditions. The lowest dispersity
index (∼1.3) was also obtained following the harshest reaction
conditions, indicating that high temperature and O2 pressure
favored lignin breakdown into low molecular weight products.
A further illustration of the eﬀects of the reaction conditions
on themolecular size distribution and relativemass abundance is
given in Figure 1b. Approximately half of the untreated LB lignin
consisted of macromolecules with Mw > 10 kDa, while the low
molecular weight portion (<1 kDa) represented less than 1% of
the total abundance. When the reactions were performed at
higher temperatures (160−200 °C), a substantial shift in mass
distribution was seen toward smaller lignin fragments. For
instance, the fraction of higher oligomers (1−3 kDa) increased
gradually from 49 to 75% (reactions 4−9), compared to the
blank sample (19%). Similarly, the portion rich in phenolic
monomers, dimers, and trimers (<1 kDa) increased to 4−12%,
conﬁrming that both pressurized oxygen and higher temperature
were needed to eﬀectively depolymerize the LB lignin into low
molecular weight products. Importantly, the abundance of high
molecular weight fractions (>10 kDa) was generally below 5%
under these conditions, and none were found after reactions at
200 °C (reactions 7−9).
Oxidative Depolymerization of LB − Eﬀects on
Monomer Formation. Product distribution and yields
resulting from lignin oxidative depolymerization are known to
vary depending on the lignin source,37,50 operating condi-
tions,51,52 and even the kind of pretreatment prior to
oxidation.53 All product mixtures from oxidative depolymeriza-
tion reactions in the present work were subjected to liquid
chromatographic analysis to identify and quantify the phenolic
monomers and carboxylic acids produced (Figure 2). The pH
values of the mixtures were also determined to complement the
characterization of the samples produced under diﬀerent
treatment conditions (Table 1).
The main aromatic monomeric compounds identiﬁed in the
oxygen-treated samples were vanillin, vanillic acid, guaiacol, and
acetovanillone (Figure 2a); the highest total yield of 3.2 wt %
being observed after treatment at 160 °C and 3 bar O2 (reaction
4). The higher yields obtained for vanillin and vanillic acid than
in the blank sample (up to 5-fold increase), conﬁrmed that
oxygen promoted their formation.54 The yields obtained are in
agreement with those reported by Singh and co-workers (3−5
wt %) upon depolymerizing kraft lignin with alkaline hydrogen
peroxide for further bioconversion.55 The amount of guaiacol
produced also increased with increasing depolymerization
temperature. Conversely, at ﬁxed temperature, the guaiacol
fraction decreased with increasing O2 pressure, suggesting that
oxygen probably converted the guaiacol formed into either its
corresponding aromatic aldehydes56 or predominantly carbox-
ylic acids via ring opening.57
Formic and acetic acids, together with minor amounts of
succinic acid (<0.5 wt %), were the predominant organic acids
found in the depolymerized samples (4−13 wt %, Figure 2b).
The formation of carboxylic acids was especially pronounced at
high temperature andO2 pressure, probably due to the oxidation
of the aromatics under severe conditions, as mentioned above.
This ﬁnding is consistent with the reaction being consecutive,
such that the nonaromatic carboxylic acids are formed as
breakdown products from the monophenol type compounds.
Consecutive breakdown is supported by the positive eﬀect of
introducing additional O2 onmonomeric aromatics at the lowest
temperature (120 °C) as opposed to the eﬀect at higher
temperatures with higher reaction rates (≥160 °C). A high ratio
of organic acids to monoaromatic products was likewise
reported by Lyu et al.28 in oxidative cracking of ammonia-
extracted lignin from corn stover at high temperatures and
oxygen pressures. Furthermore, Schutyser et al.29 found that
vanillin could be further oxidized to nonaromatic carboxylic
acids during alkaline aerobic oxidation, resulting predominantly
in formic, malonic, and acetic acids, in line with the results of the
present study. Notably, the formation of carboxylic acids
lowered the pH of the depolymerized product mixtures from
the initial pH of the untreated LB sample (13.4). Interestingly,
almost neutral pH values (7.6 and 7.0) were observed in the
product solutions after reactions at 15 bar O2 and temperatures
of 160 and 200 °C, respectively (reactions 6 and 9). This is an
important observation, as near-neutral pH conditions are
preferable for bacterial cultivation. In addition, a reduction in
the pH of the product mixtures due to the oxygen treatment led
to an increase in the level of soluble lignin components, thus
enabling bioconversion at higher concentrations.
Table 1. Product Yields and pH Values from the Oxidative
Depolymerization of LB Lignin
runa temperature (°C) PO2 (bar) monophenols + acids (%)
b pH
1 120 3 5.2 13.1
2 120 9 6.3 12.6
3 120 15 9.4 10.1
4 160 3 8.3 12.3
5 160 9 10.5 8.3
6 160 15 10.4 7.6
7 200 3 6.8 12.0
8 200 9 13.1 8.4
9 200 15 14.2 7.0
blank − − 3.2 13.4
aFixed reaction parameters: 20 g/L LB, 0.2 M NaOH aqueous
solution, 30 min. bBasedon the total lignin substrate.
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Overall, depolymerization of LB at 160 °C and 3 bar O2
pressure (reaction 4) provided the most favorable product
mixture, with a high yield of aromatic monomers (3.2 wt %) and
a rather low content of highly oxidized compounds (i.e.,
carboxylic acids). This sample was thus deemed interesting for
detailed chemical analysis using NMR, SEM, and BET, and for
use in microbial liquid cultivation experiments. Hence, the
reactor was scaled up to prepare a larger batch of the product
under these conditions.
Characterization of ODLB. Heteronuclear NMR analysis
at a high magnetic ﬁeld was used to reveal structural variations
between the native LB and ODLB lignin samples and to identify
functional groups and molecular species in the product material.
Figure 3 shows the two-dimensional 1H−13C HMBC NMR
spectra obtained from the initial substrate and depolymerized
product.
The presence of aromatic aldehydes, ketones, and carboxylic
acids detected by UPLC/HPLC analysis was conﬁrmed by 2D
HMBC NMR. This method enabled visualization of such
functional groups and demonstrated the changes between LB
(Figure 3a) and ODLB (Figure 3b), especially regarding
aliphatic and aromatic aldehydes, ketones, and acids (δ13C ∼
170−215 ppm). The functional groups and molecules identiﬁed
included, among others, aromatic aldehydes (α-aldehydes, δ13C
190.5 ppm), aromatic α-ketones (δ13C 194.5−198.4 ppm, with
lower values indicative of an aromatic and an ether group
adjacent to the keto group and higher values indicative of a
rather short-chain substituent ketone), aromatic acetyl esters
(δ13C 169.7 ppm), aromatics with aliphatic functionalization
(and HMBC correlations from δ1H 2.4 ppm to aromatic carbon
atoms), intact aromatic methyl ether signals, aliphatic acids
including acetate, formate, lactate, and longer hydroxy acids, as
well as aliphatic ketones and α-keto acids (δ13C 177.6 and 203.9
ppm).
The structural motifs in the LB and ODLB samples were also
compared using 2D 1H−13C HSQC analysis (Figure S3). The
spectra indicated variations between the materials, mostly in the
interunit (oxygenated) aliphatic region. In addition, parts of the
signals corresponding to nonoxygenated aliphatic moieties
(δ13C/δ1H 8.0−52.5/0.5−2.5 ppm) disappeared after oxidative
depolymerization. The HSQC data also showed a decrease in
the methoxy resonance at δ13C/δ1H≈ 56/3.7 ppm, whereas the
Figure 1.Molecular weight distribution and dispersity index (a) and relative mass abundance (b) for diﬀerent depolymerized lignin samples.Mw is the
weight-average molecular weight,Mn the number-averagemolecular weight, and PDI is the dispersity index. The reaction number according to Table 1
is given on the abscissa.
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aromatic chemical structures (δ13C/δ1H 105−140/6.0−8.0
ppm) were apparently rather resistant to degradation under
the treatment conditions applied. This stability indicates that it
is possible to achieve depolymerization without oxidative
breakage of the aromatic rings under suitably tuned conditions.
SEM characterization was carried out to gain insight into
changes in the surface morphology of the LB after oxidative
depolymerization. The SEM images obtained for LB and the
ODLB lignin samples are shown in Figure 4.
The LB had a rather smooth surface emphasizing the high
recalcitrance of the untreated lignin (Figure 4a). However, the
surface of the ODLB product was considerably changed by the
reaction, where the smooth surface was broken into smaller
particles, accompanied by the appearance of needle-like
structures and multilayer eroded parts (Figure 4b). Such
morphological changes are consistent with the results reported
by Wei and co-workers,42 and probably reduce the surface
integrity of the native LB, making it more accessible to
subsequent microbial conversion.
Nitrogen physisorption measurements were performed to
provide quantitative estimates of the changes in surface area and
pore structure of the lignin during the depolymerization process.
The textural properties of the LB and ODLB lignin samples are
summarized in Table 2. The N2 adsorption−desorption
isotherms of the substrate and product samples are also shown
in Figure S4 in the Supporting Information.
The original lignin had a speciﬁc surface area of 1.23 m2/g and
a modest pore volume of 0.0015 cm3/g. The calculated average
pore size, assuming cylindrical pores, was 4.9 nm. In comparison,
the ODLB sample showed an almost 4-fold increase in speciﬁc
surface area (4.35 m2/g) together with an increase in pore size
(5.49 nm) and pore volume (0.0060 cm3/g), all of which are
consistent with the structural interpretation of the SEM images
discussed above.
The comparison of textural parameters resulting from the
pretreatment of woody biomass by BET analysis has been shown
to be useful.58 Although the mechanisms for the enzymatic
degradation of cellulose and lignin diﬀer, the fact that the ODLB
sample had a higher surface area and pore size may allow easier
access of enzymes and reactive mediators, which can facilitate
further microbial lignin conversion.
Figure 2. Impact of reaction temperature and oxygen pressure on the yield of (a) monophenols and (b) other carboxylic acids from the oxidative
depolymerization of LB lignin. Reaction conditions: 20 g/L LB, 0.2MNaOH aqueous solution, 30 min. (*: Including coeluting compound, quantiﬁed
with guaiacol and acetovanillone standards, respectively). The reaction number according to Table 1 is given on the abscissa.
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Bacterial Growth on Depolymerized LB. Microbial
growth on the produced lignin samples was evaluated on M9
agar plates using LB and LB treated under diﬀerent conditions
(reactions 1−9 and blank, Table 1) as the sole source of carbon
and energy. The bacterial strains Pseudomonas putida KT2440,
Pseudomonas f luorescens, Rhodococcus opacus, and Sphingobium
sp. strain SYK-6 have previously been reported to metabolize
similar lignin substrates or related lignin monomers.42,59 These
experiments allowed us to determine whether any of the
unknown compounds in the depolymerized products were toxic,
Figure 3. 1H−13CHMBCNMR spectra of (a) LB and (b) ODLB lignin samples. The increased presence of aliphatic and aromatic aldehydes, ketones,
and carboxylic acids is indicated by a highlight of characteristic spectral regions in panel b. Reaction conditions: 20 g/L LB, 0.2 M NaOH aqueous
solution, 160 °C, 3 bar O2, 30 min.
Figure 4. SEM images of (a) LB and (b) ODLB lignin samples. Reaction conditions: 20 g/L LB, 0.2 M NaOH aqueous solution, 160 °C, 3 bar O2, 30
min.
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in particular to microbial growth at the given concentrations.
Both Pseudomonas species showed abundant growth on most of
the treated lignin samples already after 120 h (data not shown),
indicating that these strains could easily metabolize the
compounds present. After 7 days of incubation, R. opacus and
Sphingobium sp. SYK-6 were also able to grow on the agar plates,
including those containing the untreated LB lignin (Table 3).
The results presented in Table 3 suggest that neither LB nor
the depolymerized products obtained under diﬀerent conditions
was toxic to bacterial growth at the concentrations present. Less
growth was seen on the untreated LB substrate than on the
depolymerized lignin samples (Table 3), which is in line with the
lower amount of readily available monomers for direct
consumption in LB (Table 1; Figure 2). The reason for
abundant growth on the substrates treated under harsh
conditions (i.e., high temperature and oxygen pressure) may
be the higher acid concentrations (up to 13.5%, Figure 2b), as
some of the organisms used in this study have previously
demonstrated the ability to grow on similar acids.38,60
Shake Flask Experiments with ODLB. High-cell-density
inoculations (OD ≈ 3.5−4) were performed to assess the
utilization of low molecular weight compounds in ODLB as
carbon sources, as well as possible enzymatic eﬀects on the
molecular size of the lignin. All four organisms tested in the plate
screening experiments were used for liquid cultivations in shake
ﬂasks, with a lignin concentration of 2 g/L as the sole carbon
source and incubation for about 150 h.
After inoculation, a slight decrease in OD was observed for all
organisms, after which P. putida KT2440, R. opacus, and
Sphingobium sp. SYK-6 showed maintained OD throughout the
cultivation (Figure 5). In the case of P. f luorescens, a decrease in
OD (from 3.7 to 2.5) was seen during the ﬁrst 45 h, which was
probably caused by the formation of cell aggregates, which could
be seen by microscopic examination. This response of P.
f luorescens has previously been reported and described as a
reaction to toxic shock.22 In addition, the formation of a bioﬁlm
was observed at the air−liquid interface in the shake ﬂasks for all
organisms.
Furthermore, P. putida KT2440 and Sphingobium sp. SYK-6
were cultivated in higher lignin concentrations (10 g/L ODLB)
together with lower initial cell densities (OD< 0.01). The results
showed a clear growth of these organisms on lignin with a
maximum OD of around 0.45 (Figure S5). The consumption of
monomers by the organisms was in agreement with the high-
cell-density experiments (detailed below).
The consumption of aromatic monomers by the bacterial
strains was analyzed using UPLC. Both the Pseudomonas strains
and Sphingobium sp. SYK-6 were able to convert vanillin to
vanillic acid and eventually consume all the vanillic acid available
and produced in less than 50 h (Figure 6). The conversion of
toxic aldehydes, such as vanillin, to their respective acids has
been described previously.61 In contrast, R. opacus converted
vanillin to vanillyl alcohol as an intermediate, after which
vanillin, vanillic acid, and vanillyl alcohol were completely
consumed within 21 h. The detoxiﬁcation of vanillin to its
corresponding alcohol has mostly been reported in yeast, but
also in a few bacteria, such as Gluconacetobacter xylinus and
Pseudomonas sp. isolate 9.1.62−64 The accumulation of vanillyl
alcohol instead of vanillic acid in R. opacus might be due to the
poor expression of the gene encoding for the vanillin
dehydrogenase enzyme.65
Table 2. Textural Properties of Lignin Samples Calculated
using BET Analysis
sample BET surface area (m2/g) pore size (nm) pore volume (cm3/g)
LB 1.23 4.90 0.0015
ODLBa 4.35 5.49 0.0060
aReaction conditions: 20 g/L LB, 0.2 M NaOH aqueous solution, 160
°C, 3 bar O2, 30 min.
Table 3. Growth of Bacterial Strains on M9 Agar Plates with LB Lignin (2 g/L) Treated under Diﬀerent Conditionsa
aThe plates were incubated at 30 °C for 7 days. Biological duplicates are indicated by I and II (++ abundant growth; + growth; - no growth).
Figure 5. Cell density of bacterial species cultivated on M9 medium
supplemented with 2 g/L ODLB lignin (160 °C and 3 bar O2) as the
sole source of carbon and energy. Cultivations were performed in
duplicate, and the data points represent the average, and the error bars
the standard deviation.
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The UPLC peaks eluting at 4.7 and 5.0 min are believed to be
guaiacol and acetovanillone, respectively, based on their
retention times. However, the UV spectra of these compounds
suggest that the peaks coelute with some other unidentiﬁed
compounds. R. opacus was the only organism to consume
guaiacol and its coeluting compound within 150 h (Figure 6).
Besides R. opacus, a few Gram-positive bacteria have been
reported to be able to grow on guaiacol as the sole carbon
source.66 The enzyme cytochrome P450 monooxygenase
responsible for the demethylation of guaiacol to catechol has
been described in both Gram-positive and Gram-negative
bacteria, such as Rhodococcus rhodochrous, Amycolatopsis sp.,
and Moraxella sp.67−69 Neither the Pseudomonas strains nor
Sphingobium sp. SYK-6 was able to assimilate guaiacol within
150 h (Figure 6). Although P. putida KT2440 has been reported
to possess the pathway for catechol degradation, growth was not
observed in this study. Sphingobium sp. SYK-6 has β-etherase
genes that cleave the β-aryl ether linkages in lignin dimers to
generate guaiacol, but the assimilation of guaiacol has not been
reported.59
Sphingobium sp. SYK-6 was the only organism able to
metabolize acetovanillone and its coeluting compound in
around 100 h (Figure 6). In a recent study, we found that R.
opacus was unable to assimilate acetovanillone,41 which suggests
that the coeluting compound was consumed within 20 h in this
case, leaving the acetovanillone in the culture medium
unconsumed for 150 h (Figure 6). The bioconversion of some
compounds, such as ferulic acid and 4-vinyl guaiacol, to
acetovanillone has been described in a few organisms,70 but
the consumption of acetovanillone as the sole carbon source has
not been reported. None of the Pseudomonas species included in
the current study were able to assimilate acetovanillone in 150 h
(Figure 6), despite the high cell density, which suggests the
absence of the required enzymes.
SEC analysis was performed to assess changes in the dissolved
higher molecular weight lignin fraction present in the substrate,
caused by the action of extracellular enzymes, such as laccases
and peroxidases. A noninoculated control ﬂask wasmonitored to
see if the changes in molecular weight were also observed in the
absence of microbial action. On the basis of related work,41 it is
suggested that the peaks at long retention times (around 105 and
94 min) represented low molecular weight monomers or short
oligomers, whereas the broad peak at 89 min represents larger
lignin fractions (Figure 7).
After 70 h, the monomer peaks disappeared in all cultivations,
suggesting the consumption of most of the available monomers.
At the end of cultivation (168 h), all organisms showed an
increase in the intensity of the polymer peak, the highest
absorption being measured for P. f luorescens (0.18). After 168 h,
there was also a slight increase in the polymer peak of the
Figure 6. Consumption of aromatic monomers in the high-cell-density cultivations on ODLB lignin (2 g/L) as a function of time. (* + coeluting
substance, quantiﬁed using guaiacol and acetovanillone standards, respectively). The ﬁrst 5 h are enlarged for better readability in the initial cultivation
phases. Data points represent the average of the duplicate experiments and the error bars the standard deviation.
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noninoculated control (Figure 7), which was probably due to
the condensation of unstable lignin fragments. Apart from the
increase in peak height, a peak shift/widening toward higher
molecular weight was also observed in the inoculated ﬂasks
(except in the case of R. opacus), but not in the control ﬂask
(Figure 7). These observations suggest that repolymerization of
polymeric lignin is stronger in the presence of bacterial species,
which might be due to the secretion of extracellular enzymes. All
the organisms included in this study have previously been
reported to secrete extracellular lignin-degrading/polymerizing
enzymes.22,71,72 The action of these enzymes in the polymer-
ization or depolymerization of a particular substrate depends on
various factors, such as the reaction temperature/time, the
structure of the lignin, substrate loading, the presence of a
mediator, and the origin of the enzyme.
In conclusion, the results presented in this study show that
oxidative depolymerization of technical lignin, under rather mild
operating conditions, can produce low molecular weight
fractions that are amenable to microbial conversion. The work
adds to the state of the art within lignin reﬁning by including
novel investigations on oxidation reaction parameters and
multiple microbial species, thus allowing obtaining an approach
that is more green and benign than previously reported. This
approach can hopefully be broadly applied to enable the
production of various bioproducts based on industrial kraft
lignin streams. However, the depolymerization and fermenta-
tion conditions should be optimized to allow scalability and
process/product development.
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Figure 7. SEC chromatograms of samples from high-cell-density cultivations on 2 g/L ODLB lignin (160 °C and 3 bar O2) and from a noninoculated
control. Results are shown for samples collected at 0, 51.5, and 168 h (P. putida KT2440, P. f luorescens, R. opacus, and control) or at 0, 69.5, and 168 h
(Sphingobium sp. SYK-6). Elution time (min) and absorbance at 280 nm are indicated. AU, arbitrary units.
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SEC chromatograms of the untreated LB substrate and
the oxidatively depolymerized lignin products generated
at diﬀerent reaction conditions; 2D 1H−13CHSQCNMR
spectra showing aliphatic, interunit, and aromatic regions
for the LB and theODLB lignin samples as well as their N2
adsorption−desorption isotherms; growth curves for
Pseudomonas putida KT2440 and Sphingobium sp. SYK-
6 with 10 g/L ODLB (PDF)
■ AUTHOR INFORMATION
Corresponding Author
*E-mail: christian.hulteberg@chemeng.lth.se.
ORCID
Omar Y. Abdelaziz: 0000-0002-3530-3509
Sebastian Meier: 0000-0003-3761-3217
Anders Riisager: 0000-0002-7086-1143
Christian P. Hulteberg: 0000-0002-3502-5529
Notes
The authors declare no competing ﬁnancial interest.
■ ACKNOWLEDGMENTS
This work was ﬁnanced by the Swedish Foundation for Strategic
Research (RBP14-0052). O.Y.A. acknowledges internal funding
from Lund University and the Technical University of Denmark.
We thank Anders Arkell, Arkell Innovations AB, for SEC
measurements. The 800 MHz NMR spectra were recorded
using the spectrometer at the DTU NMR Center, supported by
the Villum Foundation.
■ REFERENCES
(1) Zakzeski, J.; Bruijnincx, P. C. A.; Jongerius, A. L.; Weckhuysen, B.
M. The Catalytic Valorization of Lignin for the Production of
Renewable Chemicals. Chem. Rev. 2010, 110 (6), 3552−3599.
(2) Li, C.; Zhao, X.; Wang, A.; Huber, G. W.; Zhang, T. Catalytic
Transformation of Lignin for the Production of Chemicals and Fuels.
Chem. Rev. 2015, 115 (21), 11559−11624.
(3) Abdelaziz, O. Y.; Brink, D. P.; Prothmann, J.; Ravi, K.; Sun, M.;
García-Hidalgo, J.; Sandahl, M.; Hulteberg, C. P.; Turner, C.; Lideń, G.;
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(40) Rodriguez, A.; Salvachuá, D.; Katahira, R.; Black, B. A.;
Cleveland, N. S.; Reed, M.; Smith, H.; Baidoo, E. E. K.; Keasling, J.
D.; Simmons, B. A.; et al. Base-Catalyzed Depolymerization of Solid
Lignin-Rich Streams Enables Microbial Conversion. ACS Sustainable
Chem. Eng. 2017, 5 (9), 8171−8180.
(41) Ravi, K.; Abdelaziz, O. Y.; Nöbel, M.; García-Hidalgo, J.; Gorwa-
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